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ABSTRACT

Microalgae have been identified as a potential chemical source for biofuels, but
production costs still greatly limit this industry. The purpose of this study was to
determine the efficiency of mixed algal cultures containing two species of microalgae,
Nannochloropsis salina and Phaeodactylum tricornutum, in comparison to their
respective monocultures. The respective microalgae cultures were grown in 557L
experimental tanks with harvests performed every 3-7 days, i.e., after growth had reached
the stationary phase, for a period of 90 days. Microalgae biomass (g/m2), productivity
(g/m2/day), and nutrient utilization were analyzed with respect to treatment and different
temperatures. The average biomass of the mixed culture treatment (39.81 g/m2) was
significantly (p=1.04 x 10-5) greater compared to the P. tricornutum monoculture
treatment (35.57 g/m2) but was not significantly different from the N. salina monoculture
treatment (39.4 g/m2). Observations of biological contamination do not support the
hypothesis that contamination would be less in mixed cultures, as this treatment
experienced the highest average contamination levels.
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I. Introduction
I. Biofuels
In 1973, an oil embargo from the Organization of Arab Petroleum Exporting
Countries (OAPEC) caused an increase in oil prices (Nabi et al. 2006). As a result, the
U.S. Department of Energy (DOE) began funding the Aquatic Species Program (ASP).
The purpose of the ASP was to conduct research on the feasibility of using microalgae
produced precursors for biodiesel production (Sheehan et al. 1998b). Over 3000 species
of microalgae were collected and screened for their potential. The collection was
narrowed down to 300 species that were chosen based on characteristics such as
enhanced growth, increased lipid storage, or stability against environmental fluctuations
(Brennan and Owende 2010). In 1996, funding was terminated due to the persistence of
low oil prices (Sheehan et al. 1998b). Following the global financial crisis of 2008, the
American Recovery and Reinvestment Act was established that allowed for continued
funding of algal biofuel research (NAABB 2014). The National Alliance For Advanced
Biofuels and Bioproducts was formed in 2010, funded by the DOE, with the mission of
cutting costs associated with algal biofuel production (NAABB 2014).
The development of algal research is imperative due to the instability of fossil
fuel supplies and the economic and ecological problems associated with this type of fuel
(IPCC 2014). The term fossil fuel is used to refer to energy sources of coal, natural gas,
and oil. These fossil fuel sources are formed from hydrocarbons and are very dense,
resulting in high-energy yield. The use of fossil fuels as the primary energy source began
around the Industrial Revolution, replacing energy sources such as wood, steam and
kerosene (IPCC 2014). Today, the U.S. uses petroleum for nearly all of its transportation
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(92%) and is extremely dependent on the success of this industry (BP 2015). The 2015
BP statistical review of world energy (BP 2015) reported a 0.9% increase of global
energy consumption from 2013 to 2014, with a 10-year average increase of 2.1%. Oil
was the most consumed source of fuel at 32.6% of total primary energy consumption (BP
2015). Unfortunately, fossil fuels are non-renewable (Sheehan et al. 1998a) and supplies
will run out in approximately 40 years given the current global energy consumption and
the rate of increase in the global population (Nabi et al. 2006).
The burning of fossil fuels is also shown to negatively impact the climate. The
IPCC (2014) defined climate change as “A change in the state of the climate that can be
identified (e.g., by using statistical tests) by changes in the mean and/or the variability of
its properties and that persists for an extended period, typically decades or longer”.
Research has shown that increasing temperatures have a strong correlation to increasing
carbon dioxide levels within the atmosphere (IPCC 2014). This is due in large part to the
increased burning of fossil fuels, which releases carbon dioxide, methane, nitrous oxide,
and other gases into the atmosphere (Sheehan et al. 1998). When these gases accumulate
in the atmosphere, more solar radiation is absorbed and the increase in energy creates a
warming effect on the planet. This “greenhouse effect” has threatened many ecosystems.
Disease-carrying organisms that are controlled by the cold temperatures of winter, such
as mosquitoes, are able to proliferate for a longer portion of the year (FAO 2015). More
than 90% of thermal energy is stored in the oceans, particularly in the upper photic zone
(IPCC 2014). In addition to an increase in sea temperatures, this results in an
accumulation of oceanic CO2 levels and ocean acidification due to a shift in the carbon
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cycle towards carbonate ions. Temperature-sensitive and pH-sensitive aquatic organisms
are consequently negatively affected (IPCC 2014).
As a result, research is being dedicated to developing alternative renewable fuels
that can replace fossil fuels as the primary sources of energy (NAABB 2014). Examples
of renewable fuels include hydrothermal energy, wind energy, and solar energy.
However, these sources are producers of electricity, which accounts for only ~33% of
global energy usage, and do not contribute to the much larger need for liquid fuel (~67%)
(Schenk and Thomas-Hall 2008). Biofuels, however, are an example of a renewable
source that can be collected in liquid form and stored (Sheehan et al. 1998a). According
to the BP 2015 statistical review of world energy, production of biofuels in 2014 for the
United States had increased 5.6% from 2013 and 470% from 2004, which represented
42.5% of the global share of biofuel production (BP 2015). Global renewable energy
consumption in 2014 reached a record 3.0% of total fuel consumption (BP 2015).
Biofuels are typically classified into generations. First generation biofuels (FGBs)
and second generation biofuels (SGBs) are obtained from terrestrial crops such as maize,
rapeseed, and sugarcane (Brennan and Owende 2010). However, growing these biofuels
requires valuable arable land that could otherwise be used for growing food crops, which
sparked an economic debate regarding resources for food versus fuel (Schenk and
Thomas-Hall 2008). FGBs and SGBs also require a lot of area for growth. Since 1990,
the world’s population has increased by over 30%, global food production values have
almost doubled (FAO 2015), and yet only half of the global energy demand would be met
if all arable lands were used to grow terrestrial biofuel crops (Schenk and Thomas-Hall
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2008). Given the amount of valuable farmland needed to grow FGBs and SGBs, these are
not able to contribute a significant amount to the high fuel demands.
Third generation biofuels (TGBs) are derived from microalgae and are an
important developing area of research (Kazamia et al. 2012). Microalgae have shown
more promise at meeting energy demands than FGBs or SGBs (Brennan and Owende
2010). In order to meet 50% of transportation fuel requirements in the United States, only
1-3% of existing U.S. cropland would be needed for algal growth (Chisti 2007).
II. Advantages of Microalgae
Algal biomass is composed mainly of lipids, carbohydrates, and proteins. Lipids
are stored in the form of triacylglycerols (TAGs), which can then undergo
transesterification to produce biodiesel (Chisti 2007). For the biofuel industry, the lipid
portion is of the most interest, and biodiesel is of great importance as most industrial
farming, transport, and trade vehicles run on diesel fuel (Schenk and Thomas-Hall 2008).
The use of biodiesel in place of petroleum has the ability to reduce CO2 emissions by
78% (Sheehan et al. 1998a). Theoretically, microalgae lipid yields can achieve a
maximum of 354,000 L* ha-1 *year-1, although field results have been closer to 40,00055,000 L* ha-1 *year-1 (Weyer et al. 2010). This is in comparison to about 6,000 L* ha-1
*year-1 produced by palm oil, the most efficient biofuel crop aside from microalgae
(Schenk and Thomas-Hall 2008). The remaining algal biomass can be utilized for animal
feed, coloring substances, and pharmaceutical and cosmetic uses (Pulz and Gross 2004).
Autotrophic or photosynthetic algae only need a light source, carbon dioxide, an
aqueous media, and key nutrients in order to flourish (Demirbas 2011). The
photosynthetic process is divided into a light phase, during which ATP is created, and a
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dark phase, during which carbon compounds such as proteins, lipids and carbohydrates
are manufactured from CO2 (Griffiths et al. 2011). Dry weight of microalgae is typically
around 50% carbon which is chiefly supplied from carbon dioxide (Chisti 2007).
Naturally growing algae fix carbon dioxide from the atmosphere, which contains 403
ppm CO2 (Dlugokencky and Tans n.d.). Although there is great interspecific variability, a
general atomic ratio of 106:16:1 of C:N:P, known as the Redfield ratio, can be found
within phytoplankton (Geider and La Roche 2002). Algae growth and production will
therefore be limited by this ratio and by the element found in the least supply.
Carbon dioxide can also be supplied from industrial CO2 or soluble carbon
sources (Brennan and Owende 2010). Instead of being released to the atmosphere where
they can accumulate and contribute to climate change, emissions from coal-burning
plants that contain a higher concentration of CO2 can be directed into cultures as a carbon
source for photosynthesis. This allows for the production of microalgal biofuels to
potentially become a carbon-neutral or carbon-negative process (Chisti 2007) taking into
account the emissions involved in production and transportation (Schenk and ThomasHall 2008). However, certain aspects of using emissions from coal-burning plants make
this process less profitable. In addition to CO2, other greenhouse gases are released, such
as nitrogen oxides and sulfur oxides. Some types of algae (denitrifiers) can utilize
nitrogen in the form of nitrogen oxide, but it is toxic to most species when present in high
quantities (Brennan and Owende 2010). Although higher concentrations of CO2 allow for
greater photosynthetic potential, higher concentrations of these toxic oxides inhibit many
species of microalgae from full growth (Brennan and Owende 2010). In addition,
emissions need to be cooled before being injected into algal cultures as the temperature of
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the gas stream is typically 65-120°C (Zhang 2015). These factors make using flue gas
emissions as a carbon source currently unfeasible.
Aside from carbon, nutrients such as nitrogen and phosphorus need to be added to
algal cultures in order to accomplish proper growth. Although microalgae are capable of
higher lipid yields, they require much more nitrogen than their agricultural counterparts
(Demirbas 2011). This cost can limit the potential of microalgal biodiesel because
nutrients are a major expense for production (Chen et al. 2015). Wastewater recycling is a
viable option in reducing this cost. Treatment plants filter wastewater before it can be
returned to water basins in order to minimize damaging anthropogenic influences on the
ecosystem such as eutrophication events (Chen et al. 2015). This treatment process is
costly for the plant because certain criteria must be met before release. For example, the
domestic effluent limitation set forth by Texas Commission on Environmental Quality
(TCEQ) must meet the 30-day average maximum of 20mg/L biochemical oxygen
demand (BOD) and 20mg/L total suspended solids (TSS) (Texas Commission on
Environmental Quality 2009). The treatment process produces sludge rich in nutrients,
such as nitrogen and phosphorus, and this sludge is often used as fertilizer for agricultural
crops (Chen et al. 2015). Recycling nutrients is an effective way to reduce production
costs and this can also be applied to microalgal growth. Martínez et al. (2000) used
cultures of Scenedesmus obliquus to achieve 100% and 98% removal of ammonium and
phosphorus, respectively, from wastewater.
Although nutrients are essential for algal cultures to grow, nutrient deprivation
has shown to be a key factor in the amount of lipids accumulated in the algal cell. During
normal, unstressed conditions, lipid content averages 10-30% dry weight (Chisti 2007).
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With nitrogen or phosphorus limitations, lipids can accumulate two to three times the
normal level (Schenk and Thomas-Hall 2008). However, increasing the lipid content of
the cell does not necessarily produce a greater lipid yield, because algal culture
productivity decreases as a result of the stressful environmental conditions (Brennan and
Owende 2010). As a result, the best solution would be to culture species of microalgae
that have naturally high lipid contents concurrent with high growth rates. For example,
Nannochloropsis salina can achieve a lipid content of 50% dry weight and a daily growth
rate of 25g/m2/day (Batan et al. 2010).
Microalgae can be grown in sewage water, in saltwater, and “almost anywhere”
(Demirbas 2011). Because microalgal culture would not require valuable farmland for
production, this minimizes the competition between food and fuel based crops for arable
land. Both freshwater and marine algal species have been screened as biofuel candidates.
However, freshwater is needed for drinking water and for agricultural growth, and this is
another factor considered in the food versus fuel debate (Schenk and Thomas-Hall 2008).
Cultures of microalgae can also be produced and harvested year round to provide a
continuous supply of oil, as opposed to agricultural biofuels that can only be grown
during favorable seasons (Brennan and Owende 2010).
Algae cultures are grown in open or closed systems. A closed system, such as a
photobioreactor, allows the culture to remain at or near axenic levels. Parameters such as
temperature, salinity, and pH can be maintained at optimum levels for algae production
and contamination from the external environment can be kept to a minimum (Brennan
and Owende 2010). Photobioreactors can achieve high-density cultures with high growth
rates, which also minimizes the cost of dewatering during extraction (Griffiths et al.
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2011). However, the cost of maintaining these axenic conditions greatly exceeds the
value of the product and is not feasible for large-scale use (Kazamia et al. 2012). Open
ponds or raceways, in which the culture is kept outdoors, are a more affordable option.
Although this provides a much cheaper alternative, the algae are exposed to unstable
conditions including fluctuating water quality parameters and the risk of biological
contamination (Griffiths et al. 2011). Contamination negatively affects the biomass of
algae culture by either competing for resources or by directly grazing on the algae,
resulting in reduced lipid yields (Kazamia et al. 2012).
III. Research Aims
The Competitive Exclusion Principle states, “Two species with similar ecology
cannot live together in the same place” (Hardin 1960). Species with similar trophic needs
will compete with each other for resources when occupying the same ecosystem
(Kazamia et al. 2012). A natural ecosystem is able to maintain many levels of trophic
interactions, filling each niche so that all resources are utilized. In this way, it becomes
more difficult to introduce new species into the ecosystem, as there are no more niches
available. This allows for the ecosystem to be stable, and resist fluctuations in species
dynamics. With a culture of one algal species there are many niches still available for
invading organisms (Kazamia et al. 2012). This makes a monoculture much more
susceptible to contamination, which in turn creates an unstable environment that will not
support a long-term healthy culture.
One of the keys to reducing algal production costs as outlined by the NAABB
(2014) is to further enhance crop protection by minimizing loss due to contamination.
Most algal cultures today are prepared as a monoculture (Kazamia et al. 2012). An area
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of research that could potentially alleviate contamination losses is the production of
cultures containing multiple species of algae as opposed to a monoculture (Kazamia et al.
2012). To follow this pattern, a mixed algal culture should contain algal species that
utilize different aspects of the ecosystem so that they do not compete for similar
resources. One such possibility is the inclusion of species that photosynthesize using
different wavelengths of light by utilizing accessory pigments, such as B-carotene,
phycobilins, and chlorophylls -b and -c (Nalley et al. 2014). Another is to use species that
grow optimally at different temperatures. For example, Duniella salina has a temperature
range of 0-38°C (Ginzburg 1987), whereas certain species of snow algae, such as
Chlamydomonas and Chloromonas, are restricted to temperatures from 0-10°C (Müller et
al. 1998).
Tilman et al. (1996) demonstrated the relationship between ecosystem stability,
diversity, and productivity in a seven-year experiment involving mixed species grassland
ecosystems. They reported that grassland plots that were a mix of 16 different grass
species produced an average biomass 2.7 times greater than the respective monocultures.
Cardinale (2011) demonstrated the relationship between species diversity and nitrogen
uptake with an experiment involving stream biofilms. Streams with biofilms that were
composed of several species of algae showed a 4.5 times greater nitrogen uptake than the
average monoculture.
A previous 90-day experiment was performed during the summer months to
examine stability and productivity of mixed microalgae cultures to monocultures
(Huysman 2015). I performed a winter experiment with similar objectives using outdoor
systems of microalgae monocultures and mixed cultures over a period of 90 days to
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determine if mixed cultures would be more productive as compared to their respective
monocultures.

II. Materials and Methods
I. Hypothesis
Mixed cultures containing both Nannochloropsis salina and Phaeodactylum
tricornutum will utilize nutrients more efficiently and produce more biomass than
monocultures of either alga in outdoor culture.
II. Research Facility
The experiment was performed at the Texas A&M AgriLife Research Mariculture
facility located on the grounds of the Barney Davis Power Plant in Corpus Christi, Texas.
Seawater was pumped from the Laguna Madre, Corpus Christi, TX, chlorinated (15ppm),
diatomaceous earth (DE) filtered (Pentair Pool Products, Sanford, NC), and stored in a
10,000L holding tank. Chlorine levels were tested (Hach test kit, Loveland, CO) before
seawater was used for cultures. The remaining chlorine was removed by adding the
appropriate amount of sodium thiosulfate (g) using the formula [chlorine (ppm)] *
seawater volume (L). Salinity was maintained at 30-32 using municipal water.
III. Source of Algae
Two species of algae were used for this experiment: Nannochloropsis salina and
Phaeodactylum tricornutum. Bigelow Laboratory (East Boothbay, ME) provided the
culture of N. salina (CCMP 1776), which was originally isolated from a sample in the
Isle of Cumbrae, UK (Hibberd 1981). P. tricornutum was isolated by AgriLife in 2012
from the Laguna Madre and the culture is maintained by AgriLife. Stocks of both
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cultures were maintained in an F/2 medium (Guillard and Ryther 1962) in 125mL flasks
at a working volume of 75mL. Culture volumes were raised progressively by transfers to
2.8L working volume Fernbach flasks, 20L total volume carboys, 200L Kalwall™ tanks,
and lastly 2000L Red Ewald® tanks. Algal cultures from the 2000L tanks were then
distributed to the experimental culture system tanks as described in the next section.
IV. Experimental Culture System
The methods of Davis et al. (2015) were generally followed. In brief, four of
twelve outdoor culture systems were randomly assigned to one of three treatments: a
monoculture of N. salina, a monoculture of P. tricornutum, or a mixed culture containing
a 1:1 ratio of both species based on ash-free dry weight (AFDW g/m2). Each culture
system (Fig. 1) was composed of a tank (2.44m long, 0.89m wide, 0.26m deep, surface
area of 2.8m2) that was equipped with a paddlewheel to circulate the algae. Systems were
also fitted with a Pinpoint pH probe (American Marine Inc. Ridgefield, CT) attached to a
solenoid that delivered CO2 from a cylinder in order to maintain the algae culture pH
between 7.6 and 8.0. The tank wall was marked in intervals of 5cm, which assisted with
calculation of culture volume. Initial depth was 5cm with an initial density of ~0.15 g
ash-free dry weight (AFDW) microalgae/L (~29.8 g/m2) (Davis et al. 2015). Water level
in the tanks was raised by adding chlorine-treated and DE-filtered seawater (salinity of
30-32) to a total depth of 20cm (557L) over two days as algae grew. Fresh municipal
water was added when needed to account for evaporation and to maintain a depth of
20cm. Nitrogen and phosphorus, in the forms of ammonium sulfate and sodium
phosphate, were added to each system during inoculation to obtain concentrations of 2.95
mM nitrogen and 0.23 mM phosphorus for a 13:1 mM ratio (Zmora and Richmond
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2007). Iron, in the form of iron sulfate, was added at a concentration of 0.07mM (Davis et
al. 2015).

Figure 1. Schematic of 557 L algal culture system.

V. Experimental Protocols
Solar radiation and rainfall data were obtained daily from the Texas A&M
AgriLife weather-monitoring program (http://cwp.tamu.edu), specifically the onsite
weather station. Water temperature, salinity (YSI Pro Series 2030, YSI 650, respectively,
Yellow Springs Instruments, Yellow Springs, OH) and pH (YSI’s EcoSense pH100A,
Yellow Springs Instruments, Yellow Springs, OH) were measured daily in the morning
(~8:30am) and afternoon (~3:30pm) in each experimental system. Air temperatures and
raceway temperatures of ≤14°C, 14-21°C, and ≥21°C were categorized into “Below
Range”, “Normal Range”, and “Above Range” (BR, NR, AR), respectively, based on
temperature ranges for the microalgae provided by Bigelow Laboratory (East Boothbay,
ME).
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A sample of 100mL was taken daily from each algal system to determine total
suspended solids (TSS) and volatile suspended solids (VSS) according to standard
methods (Eaton et al. 1995). In brief, a volume of 10-50mL from the sample, depending
on the density of the algae, was filtered through a 47mm diameter glass fiber filter
(Merck Millipore Ltd, Billerica, MA) using a vacuum pump. A solution of 0.5mM
ammonium formate was used to rinse the filters of excess salt. All twelve filters were
placed in individual pre-combusted and pre-weighed aluminum dishes and dried in an
oven (Fisher Scientific Isotemp Oven, Model 630G) at ~105°C for one hour. The
aluminum dishes were placed in a desiccator, allowed to cool, and then weighed (g,
Mettler Toledo Analytical Balance, Model #PB303-S) to determine the total suspended
solids (TSS) (Eaton et al. 1995). The twelve aluminum dishes were then placed in a
muffle furnace (Thermo Scientific Thermolyne Muffle Furnace, Model #F30420C) and
combusted at ~550°C for one hour. The aluminum dishes were again placed in a
desiccator to cool, and then reweighed (g) to determine ash weight. Volatile suspended
solids (VSS) for each sample were then calculated as the difference between the dry
weight and the ash weight, which represented the total weight of organic matter in the
sample (Eaton et al. 1995). Ash-free dry weight (AFDW) per liter of algae culture was
then calculated by dividing the VSS by the volume of filtered sample (L) to obtain a
biomass in units of g AFDW/L.
Units for biomass measurements were converted from g AFDW/L to g AFDW/
m2 in order to address the surface area of light available to the algal culture, equivalent to
the surface area of the system (2.8m2). This was calculated using the daily volume of the
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system (e.g. 557L). For example, a biomass of 0.2 g AFDW/L would convert to 39.8 g
AFDW/m2 as follows:

!.!! !"#$
!

!!"!

∗ !.!!! =

!".!! !"!"

(1)

!!

Each day’s calculation of g AFDW/m2 represented the algal culture density within
each of the twelve systems during the time of sampling. The increase of biomass density
from day-to-day, hereafter referred to as productivity, was then calculated using AFDW
measurements from consecutive days:

!"#$∗!!! !" !"# ! – (!"#$∗!!! !" !!"#$%& !"# ∗ (!"#$"%& !" !"#$"%& !"#$%&%&' !"#$% !!"#$%&))
!"#$%& !" !"#$ !"#$% !!"#$%&

(2)

Each productivity measurement of (g) AFDW/m2/day represented the growth of
algae biomass over a period of time. For example, an AFDW of 39.8g/m2 harvested at
75% would leave 25% of culture remaining in the system. The remaining 25% of culture
would be replenished with chlorine-treated and DE-filtered seawater to return the
working volume depth to 20cm, diluting the algae culture to ¼ of its density before
harvest. If the AFDW biomass on the following day was recorded at 20 g/m2, the
productivity of the culture would be 10.05 g/m2/day as calculated as follows:

!

!
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!
!
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Productivity measurements were regarded as more informative than
measurements of biomass, due to the fact that Nannochloropsis salina cells have a
different biomass from Phaeodactylum tricornutum cells.
A “harvest” was performed once the culture approached the stationary phase (i.e.
as productivity decreased from the prior day’s measurement, indicating a slowing of
culture growth), which occurred every 3-7 days as was seen by Davis et al. (2105). When
algal cultures were ready for harvesting, depending on the microalgae density, 25%-75%
of the tank volume was drained. Tank volume was then returned to 20cm depth with
treated (chlorinated and filtered) seawater, which returned cultures near to the original
density of ~0.15 g AFDW/L. Additional nitrogen, phosphorus, and iron nutrients were
added to replenish the cultures to full volume.
Approximately every four days, irrespective of harvests, microalgae samples from
each culture were observed and counted with the aid of a compound microscope
(Olympus, BH-2, Center Valley, PA) and hemocytometer. Cell counts of
Nannochloropsis salina and Phaeodactylum tricornutum from all cultures were taken
using the four corner 0.04 mm2 squares of the central 1 mm2 square of the
hemocytometer for a total counting volume of 16 nL. Cell counts and ratios of N. salina
to P. tricornutum were used to determine how the two species were growing and
interacting. Presence or absence of microbial contamination (e.g., rotifers, amoebas,
ciliates, flagellates) was also recorded in all culture tanks. Counts of N. salina cells in P.
tricornutum monocultures and counts of P. tricornutum cells in N. salina monocultures
were not noted as contaminants but were counted for N. salina to P. tricornutum ratios.
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Cells of other algal species were noted as contaminants. Contamination for each raceway
was ranked on a scale from 1 (low) to 3 (high) based on counts and diversity of
microorganisms that were not the desired algal species. Contamination levels were
classified as low when little to no contamination was observed or when contaminants
were spotted after a detailed examination of the sample. Contamination levels were
classified as medium when several contaminants were observed in the sample without the
need for careful perusal. Contamination levels were classified as high when contaminants
were perceptibly more numerous. All four observations for each treatment on a given day
were averaged to produce a single contamination ranking for each treatment. Each
treatment was then categorized as low (≤1), medium (1<x≤2), or high (2<x≤3).
VI. Culture Water Nutrient Analysis
Culture water was analyzed daily for nitrogen content in the form of ammonia.
Ten mL of the daily 100mL sample from each tank were centrifuged (Thermo Scientific,
Sorvall Legend XT, Waltham, MA) at 3200 rpm for 20 minutes to sediment particulate
matter. Ammonia in the supernatant was measured using flow injection analysis (FIAlab
2600, FIAlab Instruments Inc., Bellevue, WA). Briefly, a small (~2mL) water sample is
injected into a flow carrier stream which then diffuses through a mix of reagents and
travels through a detector to determine the amount of ammonia (Xu et al. 2005) within
the sample. The decrease in waterborne nutrients from the first day of a harvest cycle to
the last day of a harvest cycle quantifies the amount of nitrogen in the form of ammonia
utilized in that time frame. A similar calculation as for productivity (Eq. 2) can be applied
to nutrient utilization calculations, in that:
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+

(4)

The addition of N after a harvest in the form of ammonium sulfate is added into
the equation as the N concentration added to the culture. The “dose” of nutrients is
equivalent to the percentage of culture harvested, or removed, and is meant to replace
what nutrients were lost during the harvest. A 100% dosage of ammonium sulfate
contained 41.4 mg/L nitrogen. The nutrient utilized by the culture were then calculated as
follows:

!". ! ! ! !"#!

!"
!

!" !"# !

(5)

!"#$%& !" !"#$ !"#$% !!"#$%&

For example, if a harvest of 75% was performed on a culture with a water column
ammonia-nitrogen concentration of 20 mg/L, and the following harvest was performed 5
days later with a final water column ammonia-nitrogen concentration of 15 mg/L, then
the utilized ammonia-nitrogen between the two harvests can be calculated in two parts as
follows:
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!"
!

∗ 0.25 + 31.05

!"
!

𝑖. 𝑒. , 75% 𝑛𝑖𝑡𝑟𝑜𝑔𝑒𝑛 𝑑𝑜𝑠𝑎𝑔𝑒 = 36.05

!"
!

(6a)

!".!"

!"
!"
!!"
!
!

! !"#$

!"
!
= 4.21 !"#
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(6b)

This represents the average daily uptake (4.21 mg/L) of ammonia-nitrogen by the
algae culture during the 5-day harvest cycle. This variable was analyzed for each
treatment as the average nitrogen uptake (ANU, mg/L/day).
Productivity for each treatment in units of g/L/day was divided by the
corresponding rate of nitrogen uptake in order to calculate grams of algae biomass
produced per gram of nitrogen (ga:gN). For example, a productivity of 0.06 g/L/day with
an average nitrogen uptake of 4.21mg (4.21 x 10-3g) /L/day would produce 14.25 grams
of algae per gram of nitrogen, calculated as follows:

!.!"

!
!

!"#

∗

!
!.!"!!"!!
!"#

!
!

= 14.25 𝑔 𝑎𝑙𝑔𝑎𝑒: 𝑔 𝑛𝑖𝑡𝑟𝑜𝑔𝑒𝑛

(7)

This represented the average algae biomass produced per gram of utilized
nitrogen (ga:gN).
VII. Statistical Analysis
Statistical analysis was performed using RStudio Version 0.99.485 (RStudio
Team 2015). One-way ANOVA was performed as an unplanned comparison (Quinn and
Keough 2002) to determine if statistically significant differences existed (p<0.05) using
independent variables of treatment and temperature. Temperature variables used in
ANOVA include morning and afternoon raceway culture temperatures and weather
station daily reported maximum and minimum values. Dependent variables used in
ANOVA include AFDW, productivity, ANU, and ga:gN. The General Linear Hypotheses
(glht) function from the multcomp package in RStudio (RStudio Team 2015) was used
18

for post hoc testing. Data were checked for normality and transformed by either square
root (AFDW, productivity, ANU) or natural log (ga:gN) to improve the Shapiro-Wilke
value for normality (Quinn and Keough 2002).
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III. Results
The experiment continued for a period of 90 days beginning with day 1 on
November 4th, 2015 and culminating with day 90 on February 1st, 2016. Ninety samples
for each raceway (n=12 raceways, total samples 1080) were collected for ash-free dry
weight, productivity and nutrient analyses. The cultures were harvested 20 times and cell
counts were performed 21 times during the 90 days. Results for raceways of a single
treatment were averaged (n=4/treatment).
Data was analyzed using three datasets: the “full” dataset, the “harvest” dataset,
and the “cell count” dataset. The full dataset contained results from the entire 90 days and
was used to analyze results for biomass (AFDW g/m2) and productivity (g/m2/day). The
harvest dataset contained results specifically from harvest days, each of which
represented a full cycle of nutrient usage. This dataset was used to determine the average
daily nitrogen removal from the culture systems within a harvesting cycle (ANU,
mg/L/day) and to calculate grams of algae produced per gram of nitrogen (ga:gN). The
cell count dataset contained results specifically from days when cell counts were taken.
This was used to analyze other variables as a result of contamination.
I. Environmental and Water Quality Data
Environmental data included parameters of air temperature, solar radiation,
precipitation, and wind speed. Data was obtained from the Texas A&M AgriLife
weather-monitoring program. Averages were calculated for environmental parameters
and maximum and minimum values were noted (Table 1).
Water quality data was recorded twice daily for each raceway. A one-way
ANOVA was performed to test for differences among treatments. Salinity and
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temperature were not significantly different among treatments, whereas pH was
significantly (p<0.05) higher at both time periods for N. salina (AM – 7.9; PM – 8.1) as
compared to P. tricornutum (AM – 7.6; PM – 7.8) or the mixed (AM – 7.7; PM – 7.8)
culture treatments (Table 2).
II. Daily Biomass and Productivity
The mixed treatment displayed the highest average biomass (39.8 g/m2) over the
monocultures (N. salina= 39.4 g/m2, P. tricornutum= 35.6 g/m2), but the average biomass
of N. salina and mixed cultures were statistically similar and both were significantly
(p=3.05e-05 and p=1.04e-05) greater than P. tricornutum monoculture (Table 3). There
were no significant differences in productivity (AFDW g/m2/day) among treatments
(p=0.06), although the mixed treatment displayed the highest productivity (8.8 ± 8.8
g/m2/day) over the monocultures (N. salina= 8.6 ± 9.2 g/m2/day, P. tricornutum= 7.9 ±
10.2 g/m2/day; Table 4). Productivity was significantly (p=2.2 x 10-16) affected by
temperature, with averages of 5.0 ± 3.2 g/m2/day during temperatures below normal
range (≤14°C), 6.7 ± 4.0 g/m2/day during temperatures of normal range (14°C-21°C), and
13.1 ± 14.2 g/m2/day during temperatures above normal range (≥21°C) (Table 5).
III. Nutrient Utilization
The N. salina monocultures displayed the highest average daily nitrogen uptake
(ANU) (3.4 ± 4.7 mg/L/day) over the P. tricornutum monoculture treatment (3.3 ± 4.8
mg/L/day) and the mixed treatment (3.3 ± 4.8 mg/L/day), but average daily nitrogen
uptake values were not statistically different between treatments (p=0.96; Table 6).
Nutrient utilization data was restricted from values that either fell 1.5 interquartile
ranges below the first quartile or exceeded 1.5 interquartile ranges above the third
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quartile in order to omit extreme outliers (Quinn and Keough 2002). This reduced the
standard deviation from 105 to 10.6 and the Shapiro-Wilke value from 1.4 x 10-25 to
0.067, but removed 29% of values. Microalgae production from nitrogen utilization
(ga:gN) was not significantly different (p= 0.09) among treatments (Table 7a). Nitrogen
utilization was numerically greater in the N. salina monoculture treatment (3.93 ± 3.71
ga:gN) than in either the P. tricornutum monoculture treatment (3.26 ± 3.79 ga:gN) or the
mixed culture treatment (3.40 ± 3.94 ga:gN). Original nutrient utilization data without
outlier restrictions is also presented for comparison (Table 7b).
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Table 1. Mean (n=12; ± standard deviation), maximum, minimum and total values for
environmental data from on-site weather station for November 4, 2015 to February 1,
2016.
Raceways 1-12
Solar Radiation
(Cal/cm2/day)
Maximum Air
Temperature (oC)
Minimum Air
Temperature (oC)
Total Precipitation
(inches)
Wind Speed (mph)

Average

Maximum

Minimum

209 ± 118

402 (16/01/28)

14.1 (16/01/11)

21.7 ± 4.83

30.0 (15/11/05)

11.8 (16/01/10)

13.3 ± 5.79

25.4 (15/15/05)

1.39 (16/01/28)

3.8

0.99 (15/11/07)

0

5.6 ± 2.3

13.7 (16/01/19)

1.88 (15/12/09)

Table 2. Mean (n=90 samples/raceway, 4 raceways/treatment, ± standard deviation)
water quality data for each culture treatment: monoculture of Nannochloropsis salina,
monoculture of Phaeodactylum tricornutum, and mixed culture containing both species.
Superscripts that are different for values in the same parameter denote significant
differences (p<0.05).
Parameter

N. salina

P. tricornutum

Mixed cultures

Temperature (oC)- A.M.

15.5 ± 5.78

15.5 ± 5.83

15.5 ± 5.80

Temperature (oC)- P.M.

19.8 ± 4.71

19.9 ± 4.67

19.8 ± 4.71

pH- A.M.

7.90 ± 0.26b

7.64 ± 0.30a

7.69 ± 0.29a

pH- P.M.

8.07 ± 0.39b

7.81 ± 0.43a

7.83 ± 0.43a

Salinity- A.M.

31.9 ± 1.94

31.8 ± 2.09

31.9 ± 2.02

Salinity- P.M.

32.2 ± 1.93

32.2 ± 2.06

32.2 ± 1.97
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Table 3. Mean (n=90 samples/raceway, 4 raceways/treatment, ± standard deviation)
biomass (AFDW g/m2) values from November 4, 2015 to February 1, 2016 for each
microalgae culture treatment. Superscripts denote significant differences (p<0.05).
Mean Biomass (AFDW g/m2) over 90
Treatment
days
Nannochloropsis salina monoculture

39.4 ± 13.4a

Phaeodactylum tricornutum monoculture

35.6 ± 14.1b

Mixed culture

39.8 ± 13.7a

Table 4. Mean (n=89 samples/raceway, 4 raceways/treatment, ± standard deviation)
productivity (g/m2/day) values from November 5, 2015 to February 1, 2016 for each
microalgae culture treatment. There were no significant differences in values.
Mean Productivity (AFDW g/m2/day)
Treatment
over 90 days
Nannochloropsis salina monoculture

8.55 ± 9.24

Phaeodactylum tricornutum monoculture

7.86 ± 10.2

Mixed culture

8.75 ± 8.84

Table 5. Mean (n=89 samples/raceway, 4 raceways/temperature range, ± standard
deviation) productivity (g/m2/day) values from November 5, 2015 to February 1, 2016 for
each temperature range: below normal range (≤14°C), normal range (14°C-21°C), and
above normal range (≥21°C). Superscripts denote significant differences (p<0.05).
Mean Productivity (AFDW g/m2/day)
Temperature
over 90 days
Below normal range

4.96 ± 3.16a

Normal range

6.70 ± 4.02b

Above normal range

13.1 ± 14.2c
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Table 6. Mean (n=20 samples/raceway, 4 raceways/treatment, ± standard deviation) daily
nitrogen uptake (mg/L/day) values from November 4, 2015 to February 1, 2016 for each
microalgae culture treatment. There were no significant differences in values.
Mean Daily Nitrogen Uptake
Treatment
(mg/L/day) over 90 days
Nannochloropsis salina monoculture

3.38 ± 4.74

Phaeodactylum tricornutum monoculture

3.30 ± 4.81

Mixed culture

3.33 ± 4.80

Table 7a. Mean (n=20 samples/raceway, 4 raceways/treatment, ± standard deviation)
grams of algae produced per gram of nitrogen (ga:gN) from November 4, 2015 to
February 1, 2016 for each microalgae culture treatment. Outliers were excluded from
data. There were no significant differences in values.
Grams of Algae Produced Per Gram of
Treatment
Nitrogen
Nannochloropsis salina monoculture

3.93 ± 3.71

Phaeodactylum tricornutum monoculture

3.26 ± 3.79

Mixed culture

3.40 ± 3.94

Table 7b. Mean (n=20 samples/raceway, 4 raceways/treatment, ± standard deviation)
grams of algae produced per gram of nitrogen (ga:gN) from November 4, 2015 to
February 1, 2016 for each microalgae culture treatment. There were no significant
differences in values.
Grams of Algae Produced Per Gram of
Treatment
Nitrogen
Nannochloropsis salina monoculture

-6.53 ± 157

Phaeodactylum tricornutum monoculture

13.3 ± 48.1

Mixed culture

0.326 ± 76.6
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IV. Contamination
Contamination assessment indicated that the mixed culture treatment was
numerically highest in medium- and high-level counts out of the three treatments,
meaning that the mixed culture treatment had more medium- and high- level
contamination level observations than either of the monoculture treatments.
Nannochloropsis salina monoculture was numerically highest in low-level observations
(Table 8).
Cell counts for N. salina showed a general decrease while P. tricornutum cell
counts increased as contamination level increased among all treatments (Fig. 2a,b).
Different levels of contamination resulted in significant (p=8.13 x 10-08) differences in
the number of N. salina cells in the P. tricornutum monoculture, however the only
recorded N. salina cells in the P. tricornutum monocultures were at the high
contamination level. Nannochloropsis salina monoculture and mixed culture treatments
were not significant in N. salina cell counts among different levels of contamination
(p=0.388 and 0.0539, respectively). Different contamination levels resulted in significant
differences in P. tricornutum counts among all three treatments. Further post-hoc testing
revealed that levels of high contamination were significantly different from either one or
both of low and medium levels of contamination within the same treatment (Table 8).
The N. salina: P. tricornutum ratio was calculated using cell count data of N.
salina and P. tricornutum. For both N. salina monoculture and mixed culture treatments,
as contamination levels increased the N. salina: P. tricornutum ratio decreased (Table 9).
Higher contamination levels significantly (p=0.0089) reduced ratios in the mixed
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treatment. Statistical analysis was not performed on the monoculture treatments because
most observations showed only one species of algae, resulting in no ratios.
The number of days since the last harvest was also recorded when performing cell
counts and noting contamination levels. Figure 3 displays the average increase in
contamination levels during an individual harvest cycle (not significant, p= 0.0501) and
as the experiment as a whole progressed (significant, p=1.84 x 10-14).
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Table 8. Mean cell counts of Nannochloropsis salina and Phaeodactylum tricornutum
taken approximately every four days from November 4, 2015 to February 1, 2016 and
categorized by level of contamination. Contamination observations taken during cell
counts were rated as either low, medium, or high based on the number of contamination
present in the sample. N signifies the number of observations with a total of 21 per
treatment over a period of 90 days.
N. salina Cell P. tricornutum
Treatment
Cont. Level
N
Counts
Cell Counts
2.72 x x107 ±
2.10 X 105a ±
12
Low
1.48 x 107
3.36 x 105
2.35 X 107 ±
7.08 X 105a ±
7
N. salina
Med
1.25 x 107
1.03 x 106
1.27 X 107 ±
2.40 X 106b ±
2
High
6
4.77 x 10
5.52 x 104
5.86 X 103a ±
2.63 X 106a ±
8
Low
4
6
1.66 x 10
2.34 x 10
9.38 X 103a ±
3.06 X 106a ±
10
P. tricornutum
Med
4
6
2.96 x 10
3.76 x 10
1.88 X 105b ±
8.27 X 106b ±
3
High
4
6
5.63 x 10
2.79 x 10
7
1.58 X 10 ±
2.04 X 106a ±
5
Low
1.17 x 107
1.54 x 106
1.40 X 107 ±
4.32 X 106ab ±
13
Mixed
Med
6
7.79 x 10
2.25 x 106
8.80 X 105 ±
6.30 X 106b ±
3
High
5
7.86 x 10
1.89 x 106
Table 9. Ratio of Nannochloropsis salina: Phaeodactylum tricornutum in relation to
treatment and contamination level. N signifies the number of observations with a total of
21 per treatment over a period of 90 days.
Treatment
Cont. Level
N. salina: P. tricornutum
N
Low
145:1
12
N. salina
Med
34.2:1
7
High
5.34:1
2
Low
0.00223:1
8
P. tricornutum
Med
0.00307:1
10
High
0.0227:1
3
Low
7.64:1
5
Mixed
Med
3.25:1
13
High
0.139:1
3
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Figure 2. Mean (± standard deviation) cell count (#/mL) of Nannochloropsis salina (a)
and Phaeodactylum tricornutum (b) in relation to level of contamination (low, medium,
and high) and treatment (Nannochloropsis salina monoculture, Phaeodactylum
tricornutum monoculture, and mixed culture). P values signify the effect of
contamination levels on microalgae cell counts.

(a)

(b)
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Figure 3. Contamination levels (low, medium, and high) in relation to a) the number of
days since the previous harvest and b) the length of the 90-day experiment. P values
signify the relation between the level of contamination and the length of harvest cycle or
the length of the experiment.

a)

b)
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IV. Discussion
The objective of the project was to determine if a mixed culture of microalgae in
an outdoor system would enhance productivity, nutrient usage, and culture stability in
comparison to monocultures of algae. The results indicate that mixed algal cultures
achieved statistically similar, but not enhanced, results to the most productive
monoculture.
Whether or not diversity of species has a relationship with productivity of the
community is still often debated (Cardinale et al. 2006). In the present study, mixed
cultures were statistically similar to Nannochloropsis salina monocultures in
measurements of biomass, productivity, average daily nitrogen uptake, and nitrogen
utilization. Mixed cultures were also statistically similar to Phaeodactylum tricornutum
monocultures in measurements of productivity, average daily nitrogen uptake, and
nitrogen utilization, but were statistically different for measurements of biomass.
Productivity measurements were regarded as more informative than measurements of
biomass, due to the fact that Nannochloropsis salina cells have a different biomass from
Phaeodactylum tricornutum cells. The only significant differences that were detected by
post-hoc testing were during comparisons of the Phaeodactylum tricornutum treatment
with the other two treatments for biomass. This suggests that the mixed culture exhibited
the characteristics and limitations of the N. salina monoculture more than it did of the P.
tricornutum monoculture. This is an important factor to consider when designing an algal
production facility, as it can potentially reduce the cost of production by increasing
biomass yield. As nutrients are one of the most costly aspects in algal biofuel production
(Smith and McBride 2014), it is also important to consider an algal culture that can utilize
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nutrients in a more efficient manner. Although not observed in this experiment, Ptacnik
(2008) showed the positive relationship between resource use and phytoplankton
diversity using a dataset of 3,000 samples taken from Scandinavian lakes and the Baltic
Sea. In fact, it has been shown that niche partitioning as defined by the Competitive
Exclusion Principle is stifled by the addition of nutrients as fertilizer in a controlled
experiment (Newby et al. 2016). The continuous availability of essential nutrients
reduces the competition between organisms. The consideration of nutrient uptake rate is
also important in regards to contamination. Faster removal of nutrients from the medium
will restrict the growth of contamination due to limited resources, whereas a slower
uptake will allow for other microorganisms to compete against the desired microalgae for
the available niche within the system (Kazamia et al. 2014).
The stability of natural ecosystems is largely in part due to the diverse
representatives within the community that utilize all available resources (Behl et al.
2011). This restricts the ability for new or invading organisms to be introduced. Because
of this, it was hypothesized that the mixed culture treatment would behave in a similar
fashion, and display less contamination during cell counts than monoculture treatments.
However, it was observed that mixed culture treatment exhibited higher contamination
levels. It is well known that contaminations in the form of grazers can consume a wide
variety of prey size (Corcoran and Boeing 2012), but are often restricted by mouth size,
known as gape limitation (Kazamia et al. 2014). In the present study, grazers were
present in the forms of amoebae, ciliates, and possibly the unidentified flagellate that
invaded the systems towards the end of the 90 days. It was hypothesized that as
contaminants became more prolific within the mixed treatment, N. salina cells would be
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the first grazed from the cultures due to their smaller cell size. In contrast, the larger P.
tricornutum cells were predicted to remain relatively stable or to increase in numbers as a
result of additional space and nutrients. Higher levels of contamination did result in a
decrease in N. salina cell counts, an increase in P. tricornutum cell counts, and an overall
decrease in mixed culture N. salina: P. tricornutum ratios, indicating that N. salina was in
fact the primary alga to be grazed by contamination. The increase in P. tricornutum in
both the monocultures and mixed cultures indicates that contamination itself was not the
primary influencer in cell counts of P. tricornutum since there was no N. salina initially
in the P. tricornutum monoculture system to compete with for nitrogen resources.
Hotter temperatures were more prevalent during the first month of the experiment.
Average air temperatures were recorded at above normal range 34% of the entire 90 days,
but 65% of those occurrences were during the first month. It was also then seen that more
contaminants appeared the longer the experiment continued both in individual harvest
cycles and throughout the 90 days. This could simply be the result of the time an
invading microbe needs for introduction, utilization, and persistence within a new and
unstable ecosystem. Only eight “high” contamination levels were recorded, all of which
were during the last month of the experiment. It was during this time that an unknown
flagellate became invasive in almost all system cultures, independent of treatment. The
cause of interference with cultured algae was not confirmed to be either of grazing or
competitive nature, and the behavior of the flagellate was not well observed. The first
appearance of this flagellate was during a cell count on January 5, 2016 in a mixed
culture system. The N. salina: P. tricornutum ratio dropped from 1:11.5 to 1:17 five days
later when the next cell count was performed. The N. salina cell count had dropped from
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14 to 1, and the P. tricornutum cell count had dropped from 161 to 17. By this time, the
flagellate had overpopulated the raceway. The flagellate invasion of a raceway could be
observed macroscopically, as the microalgae in the culture would appear clumped. The
productivity of the algal cultures remained unaffected despite lower cell counts. Although
productivity did not prove to be negatively affected by the flagellate invasion, an analysis
of protein or lipid yields could indicate a decline in desired bioproducts as a result of
lower cell counts.
The P. tricornutum monocultures were problematic at the start of the experiment.
Individual systems failed intermittently and had to be restocked with cultures taken from
other P. tricornutum monoculture raceways. Restocking from existing outdoor P.
tricornutum monocultures allowed for the experiment to remain continuous, because no
new algae were added to the systems. However, all four P. tricornutum monoculture
systems failed on December 2, 2015 and had to be restocked, which disrupted the
continuity of the experiment. Weather conditions during initial stocking on November 3,
2015 were warmer (>30°C) than ideal for P. tricornutum and this is likely to have
contributed to their low productivity. Although P. tricornutum monocultures were
struggling, mixed cultures did not show any signs of P. tricornutum weakness. It is
hypothesized that the failed monocultures could have resulted from a virus within the P.
tricornutum strain. The effects of this virus were potentially suppressed in the mixed
cultures by the presence of N. salina, pointing towards a possible commensalistic
relationship between N. salina and P. tricornutum. Symbiotic relationships between
species of algae have been demonstrated involving nitrogen-fixing cyanobacteria in
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environments where usable nitrogen is limited. The relationship involves an exchange of
nitrogen to the symbiotic algae in return for fixed carbon (Newby et al. 2016).
In conclusion, mixed cultures of Nannochloropsis salina and Phaeodactylum
tricornutum did not display significantly higher production qualities such as productivity
or nutrient utilization than their respective monocultures. A difference in stability
between the treatments was somewhat displayed when P. tricornutum monocultures
failed at times but appeared to thrive in mixed cultures. If cultures could better withstand
a fluctuating environment, such as changing temperature and invading biological
contaminants, when partnered with other species in a potentially commensalistic
relationship, it could prove to be effective in biofuel production for cost-reduction
strategies.
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